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ABSTRACT Oysters play an important role in coastal ecology and are a globally popular
seafood source. However, their filter-feeding lifestyle enables coastal pathogens, toxins,
and pollutants to accumulate in their tissues, potentially endangering human health.
While pathogen concentrations in coastal waters are often linked to environmental condi-
tions and runoff events, these do not always correlate with pathogen concentrations in
oysters. Additional factors related to the microbial ecology of pathogenic bacteria and
their relationship with oyster hosts likely play a role in accumulation but are poorly
understood. In this study, we investigated whether microbial communities in water and
oysters were linked to accumulation of Vibrio parahaemolyticus, Vibrio vulnificus, or fecal
indicator bacteria. Site-specific environmental conditions significantly influenced microbial
communities and potential pathogen concentrations in water. Oyster microbial commun-
ities, however, exhibited less variability in microbial community diversity and accumula-
tion of target bacteria overall and were less impacted by environmental differences
between sites. Instead, changes in specific microbial taxa in oyster and water samples,
particularly in oyster digestive glands, were linked to elevated levels of potential patho-
gens. For example, increased levels of V. parahaemolyticus were associated with higher
relative abundances of cyanobacteria, which could represent an environmental vector for
Vibrio spp. transport, and with decreased relative abundance of Mycoplasma and other
key members of the oyster digestive gland microbiota. These findings suggest that host
and microbial factors, in addition to environmental variables, may influence pathogen
accumulation in oysters.

IMPORTANCE Bacteria in the marine environment cause thousands of human illnesses
annually. Bivalves are a popular seafood source and are important in coastal ecology, but
their ability to concentrate pathogens from the water can cause human illness, threatening
seafood safety and security. To predict and prevent disease, it is critical to understand what
causes pathogenic bacteria to accumulate in bivalves. In this study, we examined how envi-
ronmental factors and host and water microbial communities were linked to potential
human pathogen accumulation in oysters. Oyster microbial communities were more stable
than water communities, and both contained the highest concentrations of Vibrio parahae-
molyticus at sites with warmer temperatures and lower salinities. High oyster V. parahaemo-
lyticus concentrations corresponded with abundant cyanobacteria, a potential vector for
transmission, and a decrease in potentially beneficial oyster microbes. Our study suggests
that poorly understood factors, including host and water microbiota, likely play a role in
pathogen distribution and pathogen transmission.
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Bivalves are ecologically important animals that provide valuable coastal services
and are a globally popular, potentially sustainable food source. In addition to rec-

reational and subsistence harvesting, bivalve aquaculture operations generate numer-
ous jobs and approximately US$23 billion in annual revenue (1). Oysters and mussels
build coastal reefs which provide habitat for coastal organisms and can prevent ero-
sion (2, 3). Additionally, adult bivalves filter large quantities of water to concentrate
phytoplankton, which can reduce nutrient loads and improve coastal water quality (3).

The ability of bivalves to thrive in highly fluctuating coastal environments can be
impacted by human activities and environmental stress, impairing the provision of these
ecosystem services and their commercial potential (4). Additionally, due to their filter-feed-
ing nature, many bivalves concentrate human pathogens, marine toxins, and coastal pollu-
tants, which can endanger human health when consumed. These risks to seafood safety
and security are likely to increase in the future due to global changes, such as climate
change, increasing human populations, pollution discharge, and rapid coastal development
(reviewed in references 5 and 6).

Bacterial pathogens are a major food safety concern, especially for oysters, which are
commonly consumed raw (7). Infections can be caused by fecal-borne microbes from terres-
trial sources and marine species that thrive in the oyster’s natural environment. For example,
Vibrio species cause an estimated 80,000 human illnesses in the United States annually and
100 deaths (8). Among these, Vibrio parahaemolyticus is the most common cause of infec-
tion, while Vibrio vulnificus causes the greatest mortality, with 1 in 5 cases resulting in death.
As these species thrive under warm conditions, they are highly concerning amid rising
global seawater temperatures (9, 10). Additionally, since Vibrio spp. naturally occur in marine
and brackish waters, they may resist depuration processes commonly employed to remove
pathogens from oysters prior to entering the food supply. Understanding the factors that
cause bacterial pathogens to accumulate in bivalves is critical to preserving human and eco-
system health now and in the future.

The environmental drivers of human pathogen concentrations in coastal waters are rela-
tively well-characterized; however, connections between water and oyster pathogen con-
centrations are not fully understood. For fecal-borne bacteria, high concentrations in coastal
waters are often linked to runoff from land-based sources and sewage spills, frequently coin-
ciding with high concentrations of nutrients and other pollutants. Marine Vibrio species are
associated with warm water temperatures and exhibit species-specific salinity distributions
(reviewed in references 11 and 12). While the presence of pathogenic bacterial taxa in the
water may be a prerequisite for oyster accumulation, studies investigating water-to-oyster
pathogen transfer are either rare or yield inconsistent results, suggesting that factors beyond
the environment likely play a role. For example, individual oysters from the same environ-
ment can have highly variable pathogenic bacterial concentrations; this is known as the
“hot oyster” phenomenon, whereby certain oysters are more dangerous to consume than
others because they accumulate more pathogens (13, 14). Ultimately, more research is
needed to examine different variables that could explain the relationships between environ-
mental factors, water-to-oyster human pathogen transfer, and pathogen accumulation and
persistence in oysters.

Microbial communities associated with water and oysters are understudied variables
that likely influence human pathogen accumulation. Microbial taxa in the water column
may help pathogenic species proliferate in the environment and act as potential vectors
for uptake and concentration by shellfish. For example, Vibrio species have been linked
to phytoplankton concentrations in coastal waters, and human-pathogenic species have
shown associations with specific phytoplankton groups and individual taxa that oysters
may consume (15–19). Furthermore, environmental factors could influence or destabilize
the oyster microbiome, impacting potential pathogen accumulation. Marine animal
microbiomes often contribute to host health; critical functions include food breakdown,
defense against host-associated pathogens, and modulation of host immune responses
(reviewed in references 20 to 22). Under stressful conditions, however, animal microbiota
can shift from a health-associated state to “dysbiosis,” whereby the microbiota and host
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no longer express beneficial synergy. This often leads to proportional increases in envi-
ronmental microbes that are typically rare or absent in host microbiomes, or an increase
in commensal host microbiota that can become pathogenic. Oyster pathogens such as
the Ostreid herpesvirus 1 (OsHV-1), which is a growing concern in bays in California, can
also contribute to microbiome dysbiosis (23). In aquaculture organisms, the accumulation
of human pathogens in animal hosts as a function of dysbiosis has not been adequately
investigated.

To investigate the influence of these understudied factors on potential human pathogen
accumulation in oysters, we quantified fecal indicator bacteria (FIB), Vibrio parahaemolyticus
and Vibrio vulnificus, across a natural environmental gradient in Newport Bay, CA, and char-
acterized associated water and oyster microbiomes using metabarcoding. We then pursued
the following objectives: (i) define relationships between water and oyster bacteria concen-
trations, (ii) determine how environmental variation influences oyster microbiomes and
whether divergent microbiomes are linked to potential pathogen accumulation, and (iii)
identify specific microbial taxa in water and oyster microbiomes that correlate with human
pathogen accumulation in oysters, which could indicate environmental reservoirs or vectors
for pathogen transmission.

RESULTS
Environmental and oyster collection conditions at experimental sites. Experimental

sites in Newport Bay, CA, differed in environmental conditions, including chlorophyll a,
temperature, and salinity (Fig. 1A to D; see also Data Set S1 in the supplemental

FIG 1 (A to C) Experimental sites and environmental conditions at the time of sample collection, including chlorophyll a
concentration (A), salinity (B), and temperature (C). (D) Sites in Newport Bay, CA, where oysters were deployed and water and oyster
samples were collected for the study. Map was generated using Google Earth with the following data attributions: Google, CSUMB
SFML, CA OPC, USGS.
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material). Chlorophyll a concentration ranged from 0.7 mg/liter to 38.3 mg/liter (Fig.
1A) and differed significantly by site (Kruskal-Wallis rank sum test, chi-squared =
23.164, P = 0.017). Sites close to the back of the bay (i.e., NBS12 and NBS13) exhibited
the highest observed concentrations, which occurred during weeks 2 and 3 (Fig. 1A;
Data Set S1). Temperature and salinity levels were also significantly different between
sites (temperature: chi-squared = 29.261, P = 0.002; salinity: chi-squared = 23.598, P =
0.015). Salinity ranged from 8.4 to 34 ppt (Fig. 1B), and temperature ranged from 20.4
to 26.8°C (67.7 to 80.2°F) across all sites (Fig. 1C). Sites NBS12 and NBS13 exhibited
warmer temperatures and lower salinities than other sites (Fig. 1B and C).

Target bacteria species concentrations in seawater and oysters. FIB concentra-
tions, a common proxy for human fecal contamination, varied by site and between
water and whole oyster samples (termed “oyster samples” here) (Fig. 2; Fig. S1). Fecal
coliform bacteria (FC), Escherichia coli, and Enterococcus spp. in water samples were ele-
vated at sites 12 and 13 compared to samples collected at other sites during the same
week (Fig. 2) (FC: chi-squared = 23.476, P = 0.015; E. coli: chi-squared = 28.760, P =
0.002). Oyster and water concentrations were not correlated for E. coli and fecal coli-
forms (linear regression, E. coli: F-statistic, 0.692769327, and adjusted P value, 0.411;
fecal coliform: F-statistic, 1, adjusted P value: 0.191619216) (Fig. S1).

Vibrio species of concern for human health also varied in concentration by site, but
unlike with FIB, oyster and water samples were positively correlated, particularly for Vibrio
parahaemolyticus (Fig. 2; Fig. S1). In water, Vibrio spp. targets were highest at sites 12 and 13
compared to different sites measured during the same week (Fig. 2), which generally corre-
sponded to warmer temperatures and lower salinities (Fig. 1B and C). Correlations between
water and oyster concentrations were positive and significant for V. parahaemolyticus (Tobit
regression, Wald-statistic = 5.862, P = 0.015) and for V. vulnificus (Tobit regression, Wald sta-
tistic = 5.917, P = 0.015), though for V. vulnificus only 3 data points had positive values for
oyster and water concentrations, and thus further validation is needed (Fig. S1).

Influence of sample type on microbial community diversity and composition.
We characterized microbial communities using 16S rRNA V4-5 amplicon sequencing for 4
different sample types: water, whole oysters, oyster gill tissue, and oyster digestive glands

FIG 2 FIB and pathogenic Vibrio spp. concentrations in oysters and water. Concentrations are shown as log(x 1 1) CFU/100 g of oyster tissue or 100 mL of
seawater. FIB concentrations in oysters were calculated using the MPN method. Enterococcus bacteria were quantified in water but not in oyster samples.
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(DG). After filtering for quality, ;11 M sequences were generated across samples and con-
trols, representing;33,000 unique amplicon sequence variants (ASVs) belonging predomi-
nantly to bacteria.

Sample type was a major driver of microbial diversity, with significant differences in both
alpha and beta diversity. Water samples had higher species richness (observed ASVs) than
all oyster sample types, and water and whole oysters had higher alpha diversity (Shannon
diversity) than the oyster digestive gland and gill tissue (Fig. 3A and B; Data Set S2). Sample
type significantly influenced beta diversity (permutational multivariate analysis of variance
[PERMANOVA]: pseudo-F = 122.014, P = 0.001) (Data Set S2), and sample types significantly
differed from each other based on pairwise PERMANOVA tests (robust Atchison principal-
component analysis [RPCA]) (Fig. 3C; Data Set S2).

Specific microbial taxa were strongly associated with either oyster or water sample types,
or in some cases, specific oyster tissues. Key microbial features characteristic of oyster sam-
ples included members of the Mycoplasmataceae (class Bacilli) and Spirochaetaceae families
(class Spirochaetia) (Fig. 3C), which were also among the most relatively abundant taxa
found in oyster tissues generally (Fig. S2, Data Set S3). Key water taxa included marine mem-
bers of SAR11 Clade Ia, HIMB11, and Planktomarina (Fig. 3C), which are all in the class
Alphaproteobacteria. While oyster gill and DG microbiomes shared some common microbial
taxa, others were more representative of either sample type. For example, members of the
genus Blastopirellula (class Planctomycetes) and genus Spiroplasma (class Bacilli) were more
representative of DG samples, while Sphingoaurantiacus (class Alphaproteobacteria) and
Spirochaetia ASVs had high relative abundance in gill but not DG samples (Fig. S2).

Influence of site and environment on microbial community diversity and com-
position.Water microbial community diversity was impacted by site and environmental con-
ditions to a greater extent than were oyster microbiomes, which were comparably stable
across sites. Beta diversity of water samples differed at back bay sites, which also exhibited dif-
ferences in temperature, salinity, and chlorophyll a concentration (Fig. 1). Communities from
NBS12 and NBS13 were distinct from other sites, as indicated by the gray dashed box sur-
rounding these samples in the biplot (Fig. 3C) and in pairwise distance comparisons between
sites within water samples (Data Set S4). Alpha diversity (observed ASVs and Shannon diver-
sity) was negatively associated with temperature and positively associated with salinity in
water samples, suggesting lower diversity at bay back sites (Fig. S3).

Beta diversity in oyster samples did not significantly differ across sites and environ-
mental conditions, but there were site-specific differences in taxonomic composition
and environmentally linked differences in tissue-specific alpha diversity. Water and DG
samples exhibited high relative abundance of a cyanobacterial ASV annotated as
Cyanobium PCC-6307, which is commonly found in freshwater aquatic environments
(Fig. 2). Chlorophyll a levels were high during these sampling points, which may sug-
gest high actual and not just relative abundance of these cyanobacteria. Additionally,
gill alpha diversity was associated with warmer temperatures (Fig. S3).

Additional differences in oyster microbial community taxonomy were observed at
NBS12. Key taxa associated with DG microbiomes (Fig. 4A, taxa annotated with arrows)
had lower relative abundance at this site than did the core DG microbiome (Fig. 4B).
Additionally, during week 2 in DG samples, a Chlamydiales ASV comprised ;30% of
the microbial community. These are often intracellular animal pathogens and have
been hypothesized to be linked to oyster edema disease in pearl oysters (24). Both the
Cyanobium and Chlamydiales ASVs had higher differential abundance in relation to the
core DG microbiome at NBS12 compared to other sites (Fig. 4C and D). The increase of
these two ASVs at this time point also manifested as a community with distinct beta di-
versity (this data point is enclosed in a gray dotted box in the biplot in Fig. 3C); how-
ever, this could not be statistically tested, as oysters in this sample were pooled.

Relationship between potential bacterial pathogens and water or oyster micro-
bial communities.We investigated whether certain characteristics of water and oyster mi-
crobial communities, namely, community diversity and prominent microbial taxa in these
sample types, were associated with high or low concentrations of fecal indicators and tar-
get Vibrio species. In water samples, microbial communities with higher fecal indicator and
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FIG 3 Diversity of water and oyster microbial communities and relationships with environmental
parameters and pathogen concentrations. (A and B) Shannon diversity (A) and observed ASVs (B)
compared between sample types. (C) DEICODE biplot showing RPCA distances between samples
colored by sample type (blue, digestive gland; green, whole oyster; red, gill; orange, water) and
arrows depicting the key microbial taxa driving diversity, with annotation to the highest available
taxonomic annotation noted. Water samples from sites NBS12 and NBS13 are enclosed in the
larger gray dotted box, and a DG sample from NBS12 at time point 2 is enclosed in the smaller
gray box.
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Vibrio spp. levels were typically found at the back bay sites NBS12 and NBS13 and were
negatively correlated with salinity and ASVs common in marine environments (e.g., SAR11
Clade Ia, HIMB11, and Planktomarina) (Fig. 2 and 3; Fig. S4). Some specific microbial taxa
were linked to low-salinity conditions found at back bay sites and high potential pathogen
concentrations (Fig. S4). For example, a Flavobacterium ASV was positively associated with
multiple bacteria of concern, including elevated Vibrio parahaemolyticus concentrations in
both water and oysters. Additionally, Cyanobium PCC-6307 coincided with elevated V. par-
ahaemolyticus levels in water, particularly at site NBS12 during weeks 2 and 4.

In oyster samples, beta diversity was more stable across sites than in water; however,
several specific microbial taxa were associated with either fecal indicator or Vibrio spp. con-
centrations. In whole oyster samples, Mycoplasma and Blastopirellula ASVs were negatively
correlated with concentrations of bacterial targets in water (Fig. S5). We also separately
assessed gill and DG microbiomes. In DG microbiomes, ASVs belonging to the Blastopirellula
and Mycoplasma genera were negatively associated with V. parahaemolyticus in oysters,
which likely drove the trend observed in whole oysters. Additionally, Fuertia bacteria (order
Planktomycetales) were associated with lower levels of E. coli and fecal indicator bacteria. In
gill samples, most of the dominant taxa besides Mycoplasma ASVs were not significantly
associated with environmental variables or human health-associated bacteria (Fig. S7). The
cyanobacteria taxon Cyanobium PCC-6307 had high relative abundance in water and oyster
DG microbial communities containing high concentrations of V. parahaemolyticus (site
NBS12, weeks 2 and 4) and was positively associated with V. parahaemolyticus concentra-
tions in oysters (Fig. S6).

In addition to examining correlations between pathogen concentrations and rela-
tive abundance of microbial taxa, we used a differential abundance approach to assess

FIG 4 Differentially abundant taxa across sites in oyster digestive gland tissues. (A) RPCA biplot of digestive gland samples with markers depicting individual samples
and marker colors indicating site (shown in legend). Arrows depict microbial taxonomic features driving differences in community composition (beta diversity) with the
best available taxonomic composition. (B ti=o D) The log fold change in differential abundances (compared as a ratio to the core digestive gland microbiome) is shown
for the driving taxonomic features from the RPCA DEICODE analysis (taxa with arrows) (B) and two specific ASVs common at back bay sites: Cyanobium PCC-6307 (C),
and a Chlamydiales ASV (D). Red markers denote the average log fold changes.
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whether other microbial taxa common in DG or water samples decreased in relation to
other taxa (i.e., a compositionally aware approach rather than solely examining relative
abundance). This addressed whether the observed decrease in relative abundance of
key taxa was due solely to the proportional increase in Cyanobium PCC-6307 or
whether ratios of these taxa to the core DG microbiome also increased. While the log
ratio of Cyanobium to core DG taxa increased at site NBS12, the ratio of several key
taxa of interest (as indicated by the DEICODE RPCA analysis and biplot [Fig. 4A])
decreased in relative abundance, suggesting a decrease in the abundance of these
taxa.

DISCUSSION
Oyster and water microbiota are differentially influenced by the environment.

Understanding how the environment influences oyster microbiomes is critical to preserv-
ing their ecosystem functions and supporting safe and abundant shellfish harvesting. Our
study focused on whole oyster as well as gill and DG microbial communities. In line with
previous studies (25, 26), all sample types we examined had significantly distinct microbial
communities (Fig. 3C; Fig. S2) and differed from the surrounding water communities. The
dominant tissue-specific taxa we observed were consistent across sites and consistent with
taxa common in Pacific oysters from diverse geographic regions, suggesting these taxa
may be adapted to host microenvironments.

Spirochaetaceae taxa, identified in all 3 sample types in various proportions, have been
previously observed in Crassostrea gigas gill samples (25–28). Members of this family can
cause human disease (e.g., Lyme disease and syphilis) but are also commonly associated
with marine animals ranging from gastropods to corals; they provide beneficial host func-
tions, including nitrogen and carbon fixation (29–32). Mycoplasmataceae bacteria were
common in DG samples, a pattern observed in the above studies and in samples from
France (33) and in Olympia oysters (Ostrea lurida) from the northwest United States (34).
Interestingly, this was not a dominant DG microbial group in Pacific oyster DG samples
from Mexico; however, this may have been due to different analytical methods (35). Like
Spirochaetaceae, some Mycoplasmataceae taxa are implicated in human and animal dis-
ease, while others naturally reside in animal microbiomes with potentially symbiotic roles.
A metagenomic study of Eastern oyster (Crassostrea virginicus) microbiomes identified a
dominant Mycoplasma sp. with a reduced set of metabolic functions and high reliance on
host-derived nutrients (36), suggesting longstanding symbiosis. For these taxonomic
groups, their role in oysters has not been characterized in depth; however, it is possible
that changes in the relative abundance of these taxa due to environmental or other stres-
sors could have negative host impacts.

As our experimental sites represent a range of environmental conditions and oyster
microbiomes can shift under stress (22, 37, 38), we predicted that microbial commun-
ities in both water and oysters would differ across sites. Despite distinct water micro-
biomes at each site, oyster microbial communities remained consistent (Fig. 3C; Data
Set S4). This may reflect a strong selection pressure for the structure of these commun-
ities. It is also possible that short-term (i.e., weeks) exposure to these conditions was
not sufficient to impact community diversity. Some differences in oyster microbiomes
were observed for the 2 sites with significantly lower salinity and higher temperature.
These sites and environmental differences were linked to a lower relative abundance
of Mycoplasmataceae taxa in DG tissues, which could reflect a detrimental impact to
hosts if these bacteria are beneficial.

Potential human pathogen concentrations were linked to specific environ-
ments and microbial community features. Several factors likely play a role in bivalve
pathogen accumulation, including environmental pathogen concentrations, abundance
and distribution of microbial virulence genes, host behavior (e.g., feeding), pathogen inter-
actions with bivalve transmission vectors, host physiology (including microbiome states),
and microbial features that enable host colonization. Our study investigated these latter
microbial variables, which are a key and understudied factor in human pathogen ecology
in the marine environment and could in the future lead to better prediction of bivalve
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pathogen concentrations. We examined potential microbial pathogens at the species or
genus level; however, future studies should integrate the presence of known virulence
genes into this framework, as not all species members can actually cause disease.

We predicted that oysters translocated to potentially stressful locations (i.e., sites NBS12
and NBS13) would concentrate more potential human pathogens, with coinciding micro-
bial community changes. This occurred in the case of Vibrio parahaemolyticus, the most
common cause of seafood transmitted vibriosis disease (4), but it did not occur with regard
to V. vulnificus or fecal indicators measured, which exhibited variable patterns across envi-
ronmental sites and over time. In water, FIB and Vibrio spp. bacteria were most abundant
at sites NBS12 and NBS13, consistent with their affinities for low salinity and warm temper-
atures. Fecal indicator and Vibrio spp. concentrations in oysters, however, were generally
not linked to water concentrations or environmental conditions (except for V. parahaemo-
lyticus, discussed below), though in the case of V. vulnificus the low number of detections
could confound the correlation analysis. Oysters with stable microbial communities could
potentially accumulate environmental human pathogens through feeding and filtering but
possess microbiome-regulated controls on total accumulation (e.g., microbial competition
for nutrients or space within tissues). This could explain why oysters in water that con-
tained relatively high V. vulnificus or FIB concentrations (i.e., the back bay sites NBS12 and
NBS13) did not accumulate higher concentrations of these organisms than oysters at other
sites. This also confirmed that while environmental conditions conducive to pathogen pro-
liferation may be necessary for high concentrations in water, they are not sufficient for
accumulation in shellfish.

In the case of V. parahaemolyticus, concentrations in water and oyster samples were
positively correlated and linked to changes in oyster microbial communities and environ-
mental conditions. The highest oyster V. parahaemolyticus concentrations coincided with a
distinct DG microbial community (Fig. 3C, small gray dotted box) and an increase in the rel-
ative abundance of two uncommon DG taxa, a Chlamydiae family ASV and a cyanobacteria
taxon Cyanobium PCC-6307 (Fig. 4C and D). Meanwhile, several common DG oyster taxa
(e.g., Mycoplasma and Blastopirellula) were less relatively abundant at the “high V. parahae-
molyticus” back bay sites. Since Mycoplasma bacteria are considered core members of oys-
ter DG microbial communities and have been linked to increased oyster survival (34), the
increase in rare taxa and decrease in core taxa may suggest poor host health and microbial
community dysbiosis. V. parahaemolyticus was also consistently abundant at site 13, which
had similar environmental conditions to NBS12 but not these divergent taxa. This suggests
that both the environment and specific microbial taxa in oysters act synergistically to ena-
ble marine human pathogen accumulation in oysters. Other factors may also be involved,
including time oysters are exposed to stressful environments and oyster feeding behavior.

In investigating these associations between oyster microbiomes and fecal indicator and
Vibrio spp. concentrations, some possible confounding variables in this data set include the
possibility that oyster microbiomes may change over time following translocation and that
pathogens may take time to accumulate in oyster tissues. Specific properties of the sites
where oysters are collected could influence oyster microbiomes after pooling, depuration,
and deployment, and it is unknown how rapidly the oyster microbiomes stabilize and
adapt to new conditions. Additionally, pooling multiple oyster samples, which is a common
methodology for quantifying human pathogens, obscures variability of individual oysters
in samples. Finally, the sites included in this study had varied physiochemical profiles.
Although this allowed us to explore the effects of salinity and temperature, additional fac-
tors that were not measured may have differed between sites and could have influenced
the results as well. These factors present some limitations to the current experiment that
should be considered.

Phytoplankton links to oyster pathogen accumulation. The highest V. parahae-
molyticus concentrations observed in oysters were positively correlated with high relative
abundance of cyanobacteria in water and oyster DG samples and high water chlorophyll a
concentrations (Fig. 1 and 2, Fig. S2, Fig. S6). This led us to consider whether and
how phytoplankton might influence the transport of V. parahaemolyticus into oysters.
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Phytoplankton could potentially stimulate uptake of V. parahaemolyticus from the envi-
ronment if perceived as a food source by oysters. Furthermore, it is possible that V. para-
haemolyticus attached to cyanobacteria or other phytoplankton (eukaryotic algae were
not assessed in this study), which could enhance oyster V. parahaemolyticus accumulation.
V. parahaemolyticus has been shown to interact with cyanobacteria and attach to diatom
phytoplankton taxa in the laboratory (19, 39). Additionally, we previously observed several
phytoplankton taxa that were positively linked to high V. parahaemolyticus concentrations in
southern California water microbiomes, including species that oysters feed on (17). We did
not examine actual V. parahaemolyticus attachment to phytoplankton or oyster feeding
behavior in this study, but this potential mechanism for enhanced V. parahaemolyticus
uptake should be explored mechanistically in future studies.

Alternatively, cyanobacteria could be indirectly or unrelated to the observed V. par-
ahaemolyticus concentrations. If cyanobacteria were not consumed as food by oysters,
they could instead be an indication of stress-induced microbiome dysbiosis (discussed
above). This could also influence the prevalence of environmental bacteria such as V.
parahaemolyticus. Finally, it is possible that environmental conditions drive both V. par-
ahaemolyticus concentrations and the relative abundance of cyanobacteria in water
and oysters but that the two microbial populations are not interacting or related to
each other and their cooccurrence is coincidental. Integrating knowledge of the oyster
microbiome with host behavior and pathogen microbial ecology will help elucidate
the interactions between both host- and microbe-mediated drivers of bivalve patho-
gen accumulation, particularly in relation to predicted future ocean changes.

Conclusion. Understanding factors beyond environmental conditions that drive human
pathogen accumulation in bivalves is critical to supporting safe and sustainable seafood
consumption. Here, we demonstrate that both environmental factors and microbial com-
munities interact to differentially influence concentrations of potential human pathogens in
water and oysters. While specific environmental conditions are linked to both microbial
community diversity and concentrations of potential pathogenic Vibrio spp. and indicator
species of fecal contamination in water samples, concentrations of these bacteria in water
are not necessarily linked to concentrations in oysters. Oyster microbiomes and pathogen
concentrations were less environmentally dependent than those in water, except in the
case of Vibrio parahaemolyticus, where relatively high oyster concentrations were associated
with an increase in environmental V. parahaemolyticus and cyanobacteria and a decrease in
the relative abundance of key digestive gland taxa. This study suggests that environmental
conditions and microbial communities may interact, potentially synergistically, to drive
human pathogen concentrations in oysters. Future research integrating pathogen attach-
ment to oyster uptake vectors in the environment, oyster behavior and physiology, and the
functional roles of oyster microbiomes and specific taxa, particularly in response to changing
environmental conditions, will provide data critical for promoting safe seafood harvesting
for a growing human population in the future.

MATERIALS ANDMETHODS
Experimental design and sample collection. Approximately 1,200 Pacific oysters were collected

over a 3-day period (31 July to 2 August 2019) from 3 sites across Newport Bay, CA, and then transported
to holding tanks located at the Kerckhoff Marine Laboratory in Corona Del Mar, CA, within 4 h of harvest-
ing (40). At the Kerckhoff Marine Laboratory, oysters were pooled and arranged on perforated stacked
trays in four 282.7 m3

flowthrough seawater tanks for 14 days. This “depuration” procedure is a standard
treatment for harvested bivalves aimed at reducing the number of bacterial pathogens from fecal and
terrestrial sources. Seawater was first filtered through a sand filter at 15 to 20 gal per min and then fur-
ther disinfected with a classic UV 80-watt series light (Aqua UV, Temecula, CA, USA) before entering the
holding tanks.

Following the 2-week hold time,10 to 12 oysters were collected and processed from each holding
tank to characterize composite postdepuration microbial communities in whole oysters (N = 10 to 12)
and oyster tissue samples (gills and digestive glands [DG], N = 10 to 12 each). This was designated week
0 for oyster samples. The depurated oysters were then pooled and deployed across 12 sites in Newport
Bay, CA (Fig. 1) (40), none of which were the original collection sites. Roughly 100 oysters were deployed
in 23-mm plastic mesh oyster bags at each site. At the time of oyster deployment, ambient water sam-
ples were taken from each of the 12 sites (designated week 0 for water samples). Thereafter, both water
and oyster samples were collected at weeks 1, 2, and 4. Grab water samples were collected from each
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site in cleaned and acid-rinsed (10% HCl) 2-liter polycarbonate bottles and held on ice until processing,
while oyster samples were collected as composite samples of 10 to 12 individual oysters from each site
at each time point and for each tissue type. Oysters were stored in coolers with ice packs and trans-
ported to the Southern California Coastal Water Research Project (SCCWRP) for further processing.
Environmental data were collected using a YSI30 Pro field instrument (Yellow Springs, OH), which was
used primarily to assess temperature and salinity.

Following depuration, oysters were translocated to identical cages and secured to each site via dock,
mudflat, or seawall (Data Set S1). Oysters are endemic to all of the sample sites, with the exception of NBS12
and NBS13, where we did not observe oysters during field visits or during collection or deployment. The envi-
ronmental variations observed at these sites (Fig. 1A to C) suggest that environmental or biotic factors may
have made these sites inhospitable to endemic oyster growth; however, low oyster populations could also
result from illegal harvesting.

Sample processing and storage. Approximately 100 to 200 mL of water was filtered onto 0.4-mm poly-
carbonate filters for nucleic acid extraction, which was used downstream to characterize water microbial
communities. This pore size was selected to optimize bacterial pathogen quantification without clogging fil-
ters; however, as a result, microbial community members of ,0.4 mm were not assessed in this study.
Filtered samples were stored in 1.5-mL tubes and frozen in liquid nitrogen, followed by immediate storage at
280°C until DNA extraction. Water column chlorophyll a concentration was measured by filtration of 100 mL
on 25-mm glass fiber filters (Whatman) with gentle filtration, with filters stored in aluminum foil packets at
280°C until processing. Filters for chlorophyll a were extracted in 100% acetone in the dark for 24 h. Total
chlorophyll a was measured in all water samples using a nonacidification method and a Trilogy Turner
Design fluorometer, as previously described (41). Additional water samples were processed according to
standard methods for quantification of FIB, including Escherichia coli, total coliform bacteria, fecal coliform
bacteria, and Enterococcus species (see below).

At SCCWRP, ;10 oysters were homogenized, and the composite was processed to quantify bacterial
targets according to published methods (see below and Table 1). An additional ;10 oysters were
shucked and dissected, and the gill and digestive gland tissues were separately pooled and homoge-
nized. Homogenized digestive glands and gills were stored for downstream DNA extraction at280°C.

Quantification and detection of human pathogen and indicator species and OsHV-1 virus. The
bacterial targets quantified in this study and the associated analysis methods are listed in Table 1.
Escherichia coli and fecal coliforms were quantified in oyster tissues following approved methods devel-
oped by the FDA and Interstate Shellfish Sanitation Conference (Table 1). Enterococcus bacteria were
quantified in water but not in oyster samples. Briefly, fecal coliform and E. coli concentrations in oysters
were determined by the conventional five-tube multiple dilution most-probable number (MPN) proce-
dure. Lauryl tryptose broth (Difco) was utilized for the presumptive growth medium, with confirmation
performed by inoculating liquid EC-MUG media (Difco) at 44.5°C for 2 6 2 h. Grab water samples were
processed for cultivable Enterococcus, E. coli, and fecal coliform CFU according to standard methods
(EPA method 1600, EPA method 1603, and SM 9222-D) (42–44).

For Vibrio spp. targets, V. parahaemolyticus and V. vulnificus were quantified using a culture-based
MPN method. Briefly, CHROMagar Vibrio (CHROMagar, Paris, France) media plates were prepared accord-
ing to manufacturer’s instructions and used to enumerate potentially pathogenic Vibrio species. V. para-
haemolyticus and V. vulnificus concentrations were determined by counting visible pink and blue colo-
nies on the CHROMagar Vibrio medium, respectively, and adjusting for dilution (45). Data were reported
as CFU per 100 mL and CFU per 100 g for water and oysters, respectively, and the limit of detection was
1 CFU/g or 1 CFU/mL. Up to 10 presumptive V. parahaemolyticus and V. vulnificus colonies per plate
(when present) were stored for further species-level PCR confirmation (45–47). The number reported
was then multiplied by the percentage of molecularly confirmed (by PCR) isolates, resulting in confirmed
bacterial abundance for each sample, as described previously (48).

To test for OsHV-1 presence and abundance, the ORF100 primer set described by Burge et al. was
used for quantitative PCR (49). Briefly, 10 mL of PerfeCTa SYBR green FastMix (Quantabio), 1 mL of each
primer (ORF100 F, ORF100 R), 6mL of water, and 2mL of DNA template were mixed per reaction mixture.
All samples were run in duplicate on the 96-well Agilent ARIAMx RT-PCR thermal cycler. A standard

TABLE 1Molecular quantification methods for fecal indicator bacteria and target Vibrio spp.

Target bacteria Matrix Methoda Method reference
Gene
target PCR reference

Fecal coliform/Escherichia coli Oyster 5-tube, 3-dilution MPN MTF
(LST, EC-mug for confirmation)

APHA, 1970 (42)

Fecal coliform/E. coli Water EPA method 1603: membrane
filtration with mTEC

USEPA, 2009 (43)

Enterococcus spp. Water EPA method 1600: membrane
filtration on mEI

USEPA, 2009 (44)

Vibrio parahaemolyticus Oyster/Water Spread plate on CHROMagar Vibrio
1 isolate confirmation by PCR

Froelich et al., 2017 (45) toxR Taiwo et al. 2017 (46)

Vibrio vulnificus Oyster/Water Spread plate on CHROMagar Vibrio
1 isolate confirmation by PCR

Froelich et al., 2017 (45) vvhA Warner and Oliver, 2008 (47)

aMTF, Multiple Tube Fermentation; mTEC, membrane-Thermotolerant Escherichia coli agar; mEI, membrane-Enterococcus Indoxyl-ß-D-Glucoside Agar.
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curve was generated with a synthetic plasmid of the ORF100 DNA sequence by serial dilution from 30
million copies down to 3 copies.

Statistical analysis of environmental and target bacteria variables. To determine whether the
deployment site had a significant effect on concentrations of target bacteria and environmental conditions,
nonparametric Kruskal-Wallis tests were conducted in R using the stats package. Pairwise comparisons were
not conducted due to low sample number. Linear regression analyses were utilized to determine whether sig-
nificant correlations existed between water and oyster samples for target bacteria. When data were not nor-
mally distributed as determined by the Shapiro-Wilk normality test, which occurred with V. parahaemolyticus
and V. vulnificus, Tobit regression analysis was utilized to test for a significant relationship between variables.

DNA extraction, amplicon library preparation, and sequencing. DNAwas extracted fromwater sam-
ples using the Qiagen PowerSoil kit and from oyster tissues using the Qiagen DNEasy blood and tissue kit
(Qiagen, Hilden, Germany). Digestive gland and gill composites, which were homogenized at the time of collec-
tion, were digested with Proteinase K prior to DNA extraction. The V4-V5 region of the 16S rRNA gene was ampli-
fied using 515F-926R primers (50). Libraries were assessed for quality using an Agilent 2200 TapeStation (Agilent,
Santa Clara, CA). Since these primers also produce amplicons from 18S rRNA, BluePippin size selection was used
to enrich for ;550 bp amplicons prior to sequencing (Sage Science, Beverly, MA, USA). Additionally, 3 blanks
(lysis buffer only, taken through extraction protocol, 2 extracted with tissue samples, and 1 run with water sam-
ples) and 2 samples of DNA from mock bacterial communities (ZymoBIOMICS Microbial Community DNA
Standard, Zymo Research, Irvine CA) were prepared and sequenced, with all samples included in the same
sequencing run. After library construction, samples were sequenced using the Illumina MiSeq 2 � 300 kit (v. 3)
with custom adapters and dual barcode indices at the University of California Davis Genome Center (https://
genomecenter.ucdavis.edu/).

Sequence quality filtering and bioinformatic analysis. The QIIME2 pipeline was used for quality
control, filtering, and bioinformatic analysis (51). R packages, including Phyloseq (52), were used for
additional analyses and data visualization. Demultiplexed sequences were imported as QIIME2 artifacts,
and paired reads were trimmed to remove primers, merged, and assigned ASVs using dada2 (default pa-
rameters) (53). Taxonomy was assigned to ASVs using the SILVA database (version 138) (54). Prior to
downstream analyses, mitochondrial, chloroplast, and eukaryotic sequences were removed as well as
ASVs with no identified domain.

Diversity analyses were conducted in phyloseq without rarefaction, though rarefaction at a sampling
depth of 2,298 (determined by alpha rarefaction curves) was also compared to confirm that results were
consistent between rarefied and nonrarefied data sets. Pairwise comparisons of alpha diversity were
conducted in R using a Wilcoxon rank sum test, using the Holm method for P value adjustment. For beta
diversity analyses, RPCAs were conducted and then visualized as biplots using the QIIME2 DEICODE plu-
gin (55), with a minimum feature count of 10 and a minimum sample count of 500. PERMANOVA tests
were used to analyze pairwise differences between groups (e.g., sample type, site) using the qiime diver-
sity beta-group-significance command.

Log fold changes in the differential abundance of key taxonomic features in digestive gland samples
were conducted in R by calculating the log ratio of targeted taxa of interest to core digestive gland mi-
crobial taxa in individual samples. Microbial taxa of interest were identified using three approaches
(identification via DEICODE biplots, identification via taxonomy plots, and identification of ASVs belong-
ing to Cyanobacteria) and analyzed separately. Core microbes were identified using the qiime feature-ta-
ble core-features command, which identified 10 taxa present in .85% of samples. One of these taxa,
one Serratia ASV, was removed from core microbiome consideration as it was also found in blank sam-
ples and is not considered a marine or oyster-associated bacterial taxa. For each sample, the abundances
of taxa of interest were compared against abundances of core microbial taxa to provide differential
abundance values. We used the following formula:

ln

X10
n¼1

Taxa of interest ASV abundance

X10
n¼1

Core of microbiome taxaASV abundance

0
BBBBB@

1
CCCCCA

Correlations between metadata variables, including alpha diversity metrics, environmental variables,
and pathogen concentrations, were calculated based on Spearman’s rank correlations and visualized
using the corrplot package in R (56). Additional correlations between these factors and the relative
abundance of taxa of interest were conducted using data from weeks 0, 1, 2, and 4 for water samples
and weeks 1, 2, and 4 from oyster samples. Samples collected at the Kerchoff facility following depura-
tion (week 0) were not included in the correlation analyses.

Data availability. Raw sequence files and metadata files have been deposited with NCBI (BioProject
PRJNA925853) and are also available on the Qiita platform (57) (study ID 14776).

SUPPLEMENTAL MATERIAL

Supplemental material is available online only.
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SUPPLEMENTAL FILE 2, XLSX file, 0.03 MB.
SUPPLEMENTAL FILE 3, XLSX file, 0.03 MB.

Oyster Microbiome Human Pathogen Accumulation Applied and Environmental Microbiology

Month YYYY Volume XX Issue XX 10.1128/aem.00318-23 12

D
ow

nl
oa

de
d 

fr
om

 h
ttp

s:
//j

ou
rn

al
s.

as
m

.o
rg

/jo
ur

na
l/a

em
 o

n 
21

 J
un

e 
20

23
 b

y 
20

7.
14

1.
11

6.
13

0.

https://genomecenter.ucdavis.edu/
https://genomecenter.ucdavis.edu/
https://www.ncbi.nlm.nih.gov/bioproject/?term=PRJNA925853
https://journals.asm.org/journal/aem
https://doi.org/10.1128/aem.00318-23


SUPPLEMENTAL FILE 4, XLSX file, 1.9 MB.
SUPPLEMENTAL FILE 5, XLSX file, 0.03 MB.

ACKNOWLEDGMENTS
We acknowledge Rachel Noble and Brett Froelich for project guidance and assistance in

culturing, identifying, and screening Vibrio species bacteria. Funding was provided to R.E.D.
by a San Diego Institutional Research and Academic Career Development Award (IRACDA;
NIH NIGMS IRACDA K12 GM068524) and the National Science Foundation postdoctoral
research fellowship in biology (P2011025). This study was supported, in part, by National
Science Foundation (NSF-OCE-1637632 and NSF-OCE-1756884), National Oceanic and
Atmospheric Administration (NA15OAR4320071 and NA19NOS4780181), and Gordon and
Betty Moore Foundation (GBMF3828) grants to A.E.A.

R.E.D., A.Z.-F., E.C., M.P.V., J.G., and A.E.A. were responsible for the conception and design
of the study. R.E.D., A.Z.-F., and E.C. were responsible for collecting and processing samples.
R.E.D., A.Z.-F., S.A., S.M.K., E.K., and Y.G. conducted data analysis. R.E.D., A.Z.-F., S.A., and J.G.
contributed to data interpretation andmanuscript preparation.

REFERENCES
1. Wijsman JWM, Troost K, Fang J, Roncarati A. 2019. Global production of

marine bivalves: trends and challenges, p 7–26. In Goods and services of
marine bivalves. Springer, New York, NY.

2. Meyer DL, Townsend EC, Thayer GW. 1997. Stabilization and erosion control
value of oyster cultch for intertidal marsh. Restor Ecol 5:93–99. https://doi
.org/10.1046/j.1526-100X.1997.09710.x.

3. Grabowski JH, Brumbaugh RD, Conrad RF, Keeler AG, Opaluch JJ, Peterson
CH, Piehler MF, Powers SP, Smyth AR. 2012. Economic valuation of ecosystem
services provided by oyster reefs. Bioscience 62:900–909. https://doi.org/10
.1525/bio.2012.62.10.10.

4. Akberali HB, Trueman ER. 1985. Effects of environmental stress on marine
bivalve molluscs, p 101–198. In Blaxter JHS, Russell FS, Yonge M (ed), Advan-
ces in marine biology. Academic Press, Cambridge, MA.

5. Marques A, Nunes ML, Moore SK, Strom MS. 2010. Climate change and sea-
food safety: human health implications. Food Res Int 43:1766–1779. https://
doi.org/10.1016/j.foodres.2010.02.010.

6. Lloret J, Rätz H-J, Lleonart J, Demestre M. 2016. Challenging the links
between seafood and human health in the context of global change. J
Mar Biol Ass 96:29–42. https://doi.org/10.1017/S0025315415001988.

7. Froelich BA, Noble RT. 2016. Vibrio bacteria in raw oysters: managing risks
to human health. Philos Trans R Soc B 371:20150209. https://doi.org/10
.1098/rstb.2015.0209.

8. CDC. 2020. Vibrio species causing vibriosis. Centers for Disease Control and
Prevention. https://www.cdc.gov/vibrio/faq.html. Accessed 20 June 2022.

9. Baker-Austin C, Oliver JD, Alam M, Ali A, Waldor MK, Qadri F, Martinez-
Urtaza J. 2018. Vibrio spp. infections. Nat Rev Dis Primers 4:8–19. https://
doi.org/10.1038/s41572-018-0005-8.

10. Vezzulli L, Colwell RR, Pruzzo C. 2013. Ocean warming and spread of patho-
genic vibrios in the aquatic environment. Microb Ecol 65:817–825. https://doi
.org/10.1007/s00248-012-0163-2.

11. Takemura AF, Chien DM, Polz MF. 2014. Associations and dynamics of
Vibrionaceae in the environment, from the genus to the population level.
Front Microbiol 5:1–26. https://doi.org/10.3389/fmicb.2014.00038.

12. Brumfield KD, Usmani M, Chen KM, Gangwar M, Jutla AS, Huq A, Colwell RR.
2021. Environmental parameters associated with incidence and transmission
of pathogenic Vibrio spp. Environ Microbiol 23:7314–7340. https://doi.org/10
.1111/1462-2920.15716.

13. Klein SL, Lovell CR. 2017. The hot oyster: levels of virulent Vibrio parahae-
molyticus strains in individual oysters. FEMS Microbiol Ecol 93:fiw232.
https://doi.org/10.1093/femsec/fiw232.

14. Williams TC, Froelich BA, Phippen B, Fowler P, Noble RT, Oliver JD. 2017.
Different abundance and correlational patterns exist between total and
presumed pathogenic Vibrio vulnificus and V. parahaemolyticus in shell-
fish and waters along the North Carolina coast. FEMS Microbiol Ecol 93:
1–11. https://doi.org/10.1093/femsec/fix071.

15. Turner JW, Malayil L, Guadagnoli D, Cole D, Lipp EK. 2014. Detection of Vibrio
parahaemolyticus, Vibrio vulnificus and Vibrio cholerae with respect to sea-
sonal fluctuations in temperature and plankton abundance. Environ Micro-
biol 16:1019–1028. https://doi.org/10.1111/1462-2920.12246.

16. Jesser KJ, Noble RT. 2018. Vibrio ecology in the Neuse River estuary, North
Carolina, characterized by next-generation amplicon sequencing of the
gene encoding heat shock protein 60 (hsp60). Appl Environ Microbiol 84:
1–21. https://doi.org/10.1128/AEM.00333-18.

17. Diner RE, Kaul D, Rabines A, Zheng H, Steele JA, Griffith JF, Allen AE. 2021.
Pathogenic Vibrio species are associated with distinct environmental niches
and planktonic taxa in southern California (USA) aquatic microbiomes. mSys-
tems 6:e0057121. https://doi.org/10.1128/mSystems.00571-21.

18. Main CR, Salvitti LR, Whereat EB, Coyne KJ. 2015. Community-level and
species-specific associations between phytoplankton and particle-associ-
ated Vibrio species in Delaware’s inland bays. Appl Environ Microbiol 81:
5703–5713. https://doi.org/10.1128/AEM.00580-15.

19. Frischkorn KR, Stojanovski A, Paranjpye R. 2013. Vibrio parahaemolyticus
type IV pili mediate interactions with diatom-derived chitin and point to
an unexplored mechanism of environmental persistence. Environ Micro-
biol 15:1416–1427. https://doi.org/10.1111/1462-2920.12093.

20. Wilkins LGE, Leray M, O'Dea A, Yuen B, Peixoto RS, Pereira TJ, Bik HM, Coil DA,
Duffy JE, Herre EA, Lessios HA, Lucey NM, Mejia LC, Rasher DB, Sharp KH, Sogin
EM, Thacker RW, Vega Thurber R, Wcislo WT, Wilbanks EG, Eisen JA. 2019. Host-
associated microbiomes drive structure and function of marine ecosystems.
PLoS Biol 17:e3000533. https://doi.org/10.1371/journal.pbio.3000533.

21. Apprill A. 2017. Marine animal microbiomes: toward understanding host-
microbiome interactions in a changing ocean. Front Mar Sci 4:1–9. https://
doi.org/10.3389/fmars.2017.00222.

22. KingWL, Jenkins C, Seymour JR, LabbateM. 2019. Oyster disease in a changing
environment: decrypting the link between pathogen, microbiome and envi-
ronment. Mar Environ Res 143:124–140. https://doi.org/10.1016/j.marenvres
.2018.11.007.

23. de Lorgeril J, Lucasson A, Petton B, Toulza E, Montagnani C, Clerissi C, Vidal-
Dupiol J, Chaparro C, Galinier R, Escoubas JM, Haffner P, Dégremont L,
Charrière GM, Lafont M, Delort A, Vergnes A, Chiarello M, Faury N, Rubio T,
Leroy MA, Pérignon A, Régler D, Morga B, Alunno-Bruscia M, Boudry P, Le
Roux F, Destoumieux-Garzón D, Gueguen Y, Mitta G. 2018. Immune-sup-
pression by OsHV-1 viral infection causes fatal bacteraemia in Pacific oysters.
Nat Commun 9:4215. https://doi.org/10.1038/s41467-018-06659-3.

24. Goncalves P, Raftos D, Jones D, Anderson K, Jones B, Snow M. 2017. Identi-
fying the cause of Oyster Oedema Disease (OOD) in pearl oysters (Pinctada
maxima), and developing diagnostic tests for OOD, p 54–58. Fisheries
Research and Development Corporation.

25. Lokmer A, Kuenzel S, Baines JF, Wegner KM. 2016. The role of tissue-spe-
cific microbiota in initial establishment success of Pacific oysters. Environ
Microbiol 18:970–987. https://doi.org/10.1111/1462-2920.13163.

26. Pathirana E, McPherson A, Whittington R, Hick P. 2019. The role of tissue
type, sampling and nucleic acid purification methodology on the inferred
composition of Pacific oyster (Crassostrea gigas) microbiome. J Appl
Microbiol 127:429–444. https://doi.org/10.1111/jam.14326.

27. Wegner KM, Volkenborn N, Peter H, Eiler A. 2013. Disturbance induced decou-
pling between host genetics and composition of the associated microbiome.
BMCMicrobiol 13:252. https://doi.org/10.1186/1471-2180-13-252.

Oyster Microbiome Human Pathogen Accumulation Applied and Environmental Microbiology

Month YYYY Volume XX Issue XX 10.1128/aem.00318-23 13

D
ow

nl
oa

de
d 

fr
om

 h
ttp

s:
//j

ou
rn

al
s.

as
m

.o
rg

/jo
ur

na
l/a

em
 o

n 
21

 J
un

e 
20

23
 b

y 
20

7.
14

1.
11

6.
13

0.

https://doi.org/10.1046/j.1526-100X.1997.09710.x
https://doi.org/10.1046/j.1526-100X.1997.09710.x
https://doi.org/10.1525/bio.2012.62.10.10
https://doi.org/10.1525/bio.2012.62.10.10
https://doi.org/10.1016/j.foodres.2010.02.010
https://doi.org/10.1016/j.foodres.2010.02.010
https://doi.org/10.1017/S0025315415001988
https://doi.org/10.1098/rstb.2015.0209
https://doi.org/10.1098/rstb.2015.0209
https://www.cdc.gov/vibrio/faq.html
https://doi.org/10.1038/s41572-018-0005-8
https://doi.org/10.1038/s41572-018-0005-8
https://doi.org/10.1007/s00248-012-0163-2
https://doi.org/10.1007/s00248-012-0163-2
https://doi.org/10.3389/fmicb.2014.00038
https://doi.org/10.1111/1462-2920.15716
https://doi.org/10.1111/1462-2920.15716
https://doi.org/10.1093/femsec/fiw232
https://doi.org/10.1093/femsec/fix071
https://doi.org/10.1111/1462-2920.12246
https://doi.org/10.1128/AEM.00333-18
https://doi.org/10.1128/mSystems.00571-21
https://doi.org/10.1128/AEM.00580-15
https://doi.org/10.1111/1462-2920.12093
https://doi.org/10.1371/journal.pbio.3000533
https://doi.org/10.3389/fmars.2017.00222
https://doi.org/10.3389/fmars.2017.00222
https://doi.org/10.1016/j.marenvres.2018.11.007
https://doi.org/10.1016/j.marenvres.2018.11.007
https://doi.org/10.1038/s41467-018-06659-3
https://doi.org/10.1111/1462-2920.13163
https://doi.org/10.1111/jam.14326
https://doi.org/10.1186/1471-2180-13-252
https://journals.asm.org/journal/aem
https://doi.org/10.1128/aem.00318-23


28. King WL, Siboni N, Kahlke T, Dove M, O’Connor W, Mahbub KR, Jenkins C,
Seymour JR, Labbate M. 2020. Regional and oyster microenvironmental
scale heterogeneity in the Pacific oyster bacterial community. FEMS Micro-
biol Ecol 95:fiaa054.

29. Leadbetter JR, Schmidt TM, Graber JR, Breznak JA. 1999. Acetogenesis
from H2 plus CO2 by spirochetes from termite guts. Science 283:686–689.
https://doi.org/10.1126/science.283.5402.686.

30. Sitnikova T, Michel E, Tulupova Y, Khanaev I, Parfenova V, Prozorova L.
2012. Spirochetes in gastropods from Lake Baikal and North American
freshwaters: new multi-family, multi-habitat host records. Symbiosis 56:
103–110. https://doi.org/10.1007/s13199-012-0167-1.

31. van de Water JAJM, Melkonian R, Junca H, Voolstra CR, Reynaud S,
Allemand D, Ferrier-Pagès C. 2016. Spirochaetes dominate the microbial
community associated with the red coral Corallium rubrum on a broad
geographic scale. Sci Rep 6:27277. https://doi.org/10.1038/srep27277.

32. Lilburn TG, Kim KS, Ostrom NE, Byzek KR, Leadbetter JR, Breznak JA. 2001.
Nitrogen fixation by symbiotic and free-living spirochetes. Science 292:
2495–2498. https://doi.org/10.1126/science.1060281.

33. Offret C, Paulino S, Gauthier O, Château K, Bidault A, Corporeau C, Miner
P, Petton B, Pernet F, Fabioux C, Paillard C, Blay GL. 2020. The marine
intertidal zone shapes oyster and clam digestive bacterial microbiota.
FEMS Microbiol Ecol 96:fiaa078. https://doi.org/10.1093/femsec/fiaa078.

34. Kunselman E, Minich JJ, Horwith M, Gilbert JA, Allen EE. 2022. Variation in
survival and gut microbiome composition of hatchery-grown native oys-
ters at various locations within the Puget Sound. Microbiol Spectr 10:
e01982-21. https://doi.org/10.1128/spectrum.01982-21.

35. Trabal Fernández N, Mazón-Suástegui JM, Vázquez-Juárez R, Ascencio-Valle
F, Romero J. 2014. Changes in the composition and diversity of the bacterial
microbiota associated with oysters (Crassostrea corteziensis, Crassostrea
gigas and Crassostrea sikamea) during commercial production. FEMS Micro-
biol Ecol 88:69–83. https://doi.org/10.1111/1574-6941.12270.

36. Pimentel ZT, Dufault-Thompson K, Russo KT, Scro AK, Smolowitz RM,
Gomez-Chiarri M, Zhang Y. 2021. Microbiome analysis reveals diversity and
function of mollicutes associated with the Eastern oyster, Crassostrea virgin-
ica. mSphere 6:e00227-21. https://doi.org/10.1128/mSphere.00227-21.

37. Destoumieux-Garzón D, Canesi L, Oyanedel D, Travers M, Charrière GM,
Pruzzo C, Vezzulli L. 2020. Vibrio-bivalve interactions in health and disease.
Environ Microbiol 22:4323–4341. https://doi.org/10.1111/1462-2920.15055.

38. Pierce ML, Ward JE. 2018. Microbial ecology of the bivalvia, with an em-
phasis on the family Ostreidae. J Shellfish Res 37:793–806. https://doi.org/
10.2983/035.037.0410.

39. Tai V, Paulsen IT, Phillippy K, Johnson DA, Palenik B. 2009. Whole-genome
microarray analyses of Synechococcus-Vibrio interactions. Environ Micro-
biol 11:2698–2709. https://doi.org/10.1111/j.1462-2920.2009.01997.x.

40. Zimmer-Faust A, Griffith J, Freshwater J, Peng J, Goong S, Weisberg S.
2022. Relationships between indicators and pathogens in shellfish and
water in Newport Bay, CA. Report number 1193. Southern California
Coastal Water Research Project, Costa Mesa, CA.

41. Smith J, Gellene AG, Hubbard KA, Bowers HA, Kudela RM, Hayashi K, Caron
DA. 2018. Pseudo-Nitzschia species composition varies concurrently with
domoic acid concentrations during two different bloomevents in the South-
ern California Bight. J Plankton Res 40:29–45. https://doi.org/10.1093/plankt/
fbx069.

42. Lipps WC, Baxter TE, Braun-Howland E (ed). 2018. 9222 membrane filter
technique for members of the coliform group. Standard methods for the
examination of water and wastewater. American Public Health Associa-
tion, Washington, DC.

43. U.S. EPA. 2009. Method 1600: enterococci in water by membrane filtration
using membrane: Enterococcus indoxyl-5-D-glucoside agar (mEI). U.S.
Environmental Protection Agency, Washington, DC.

44. U.S. EPA. 2009. Method 1603: Escherichia coli (E. coli) in water by mem-
brane filtration using modified membrane: thermotolerant Escherichia
coli agar (modified mTEC). U.S. Environmental Protection Agency, Wash-
ington, DC.

45. Froelich BA, Phippen B, Fowler P, Noble RT, Oliver JD. 2017. Differences in
abundances of total Vibrio spp., V. vulnificus, and V. parahaemolyticus in
clams and oysters in North Carolina. Appl Environ Microbiol 83:e02265-
16. https://doi.org/10.1128/AEM.02265-16.

46. Taiwo M, Baker-Austin C, Powell A, Hodgson E, Natås OB, Walker DI. 2017.
Comparison of toxR and tlh based PCR assays for Vibrio parahaemolyti-
cus. Food Control 77:116–120. https://doi.org/10.1016/j.foodcont.2017.02
.009.

47. Warner EB, Oliver JD. 2008. Multiplex PCR assay for detection and simulta-
neous differentiation of genotypes of Vibrio vulnificus biotype 1. Food-
borne Pathog Dis 5:691–693. https://doi.org/10.1089/fpd.2008.0120.

48. Di Pinto A, Terio V, Novello L, Tantillo G. 2011. Comparison between thio-
sulphate-citrate-bile salt sucrose (TCBS) agar and CHROMagar Vibrio for
isolating Vibrio parahaemolyticus. Food Control 22:124–127. https://doi
.org/10.1016/j.foodcont.2010.06.013.

49. Burge CA, Reece KS, Dhar AK, Kirkland P, Morga B, Dégremont L, Faury N,
Wippel BJT, MacIntyre A, Friedman CS. 2020. First comparison of French
and Australian OsHV-1 microvars by bath exposure. Dis Aquat Organ 138:
137–144. https://doi.org/10.3354/dao03452.

50. Parada AE, Needham DM, Fuhrman JA. 2016. Every base matters: assessing
small subunit rRNA primers for marine microbiomes with mock commun-
ities, time series and global field samples. Environ Microbiol 18:1403–1414.
https://doi.org/10.1111/1462-2920.13023.

51. Estaki M, Jiang L, Bokulich NA, McDonald D, González A, Kosciolek T,
Martino C, Zhu Q, Birmingham A, Vázquez-Baeza Y, Dillon MR, Bolyen E,
Caporaso JG, Knight R. 2020. QIIME 2 enables comprehensive end-to-end
analysis of diverse microbiome data and comparative studies with pub-
licly available data. Curr Protoc Bioinformatics 70:e00010. https://doi.org/
10.1002/cpbi.100.

52. McMurdie PJ, Holmes S. 2013. Phyloseq: an R package for reproducible
interactive analysis and graphics of microbiome census data. PLoS One 8:
e61217. https://doi.org/10.1371/journal.pone.0061217.

53. Callahan BJ, McMurdie PJ, Rosen MJ, Han AW, Johnson AJA, Holmes SP.
2016. DADA2: high-resolution sample inference from Illumina amplicon
data. Nat Methods 13:581–583. https://doi.org/10.1038/nmeth.3869.

54. Quast C, Pruesse E, Yilmaz P, Gerken J, Schweer T, Yarza P, Peplies J, Glöckner
FO. 2013. The SILVA ribosomal RNA gene database project: improved data
processing andweb-based tools. Nucleic Acids Res 41:590–596.

55. Martino C, Morton JT, Marotz CA, Thompson LR, Tripathi A, Knight R, Zengler
K. 2019. A novel sparse compositional technique reveals microbial perturba-
tions. mSystems 4:e00016-19. https://doi.org/10.1128/mSystems.00016-19.

56. Taiyun W, Simko V. 2017. R package: “corrplot”: visualization of a correla-
tion matrix (version 0.84). https://github.com/taiyun/corrplot.

57. Gonzalez A, Navas-Molina JA, Kosciolek T, McDonald D, Vázquez-Baeza Y,
Ackermann G, DeReus J, Janssen S, Swafford AD, Orchanian SB, Sanders
JG, Shorenstein J, Holste H, Petrus S, Robbins-Pianka A, Brislawn CJ, Wang
M, Rideout JR, Bolyen E, Dillon M, Caporaso JG, Dorrestein PC, Knight R.
2018. Qiita: rapid, web-enabled microbiome meta-analysis. Nat Methods
15:796–798. https://doi.org/10.1038/s41592-018-0141-9.

Oyster Microbiome Human Pathogen Accumulation Applied and Environmental Microbiology

Month YYYY Volume XX Issue XX 10.1128/aem.00318-23 14

D
ow

nl
oa

de
d 

fr
om

 h
ttp

s:
//j

ou
rn

al
s.

as
m

.o
rg

/jo
ur

na
l/a

em
 o

n 
21

 J
un

e 
20

23
 b

y 
20

7.
14

1.
11

6.
13

0.

https://doi.org/10.1126/science.283.5402.686
https://doi.org/10.1007/s13199-012-0167-1
https://doi.org/10.1038/srep27277
https://doi.org/10.1126/science.1060281
https://doi.org/10.1093/femsec/fiaa078
https://doi.org/10.1128/spectrum.01982-21
https://doi.org/10.1111/1574-6941.12270
https://doi.org/10.1128/mSphere.00227-21
https://doi.org/10.1111/1462-2920.15055
https://doi.org/10.2983/035.037.0410
https://doi.org/10.2983/035.037.0410
https://doi.org/10.1111/j.1462-2920.2009.01997.x
https://doi.org/10.1093/plankt/fbx069
https://doi.org/10.1093/plankt/fbx069
https://doi.org/10.1128/AEM.02265-16
https://doi.org/10.1016/j.foodcont.2017.02.009
https://doi.org/10.1016/j.foodcont.2017.02.009
https://doi.org/10.1089/fpd.2008.0120
https://doi.org/10.1016/j.foodcont.2010.06.013
https://doi.org/10.1016/j.foodcont.2010.06.013
https://doi.org/10.3354/dao03452
https://doi.org/10.1111/1462-2920.13023
https://doi.org/10.1002/cpbi.100
https://doi.org/10.1002/cpbi.100
https://doi.org/10.1371/journal.pone.0061217
https://doi.org/10.1038/nmeth.3869
https://doi.org/10.1128/mSystems.00016-19
https://github.com/taiyun/corrplot
https://doi.org/10.1038/s41592-018-0141-9
https://journals.asm.org/journal/aem
https://doi.org/10.1128/aem.00318-23

	RESULTS
	Environmental and oyster collection conditions at experimental sites.
	Target bacteria species concentrations in seawater and oysters.
	Influence of sample type on microbial community diversity and composition.
	Influence of site and environment on microbial community diversity and composition.
	Relationship between potential bacterial pathogens and water or oyster microbial communities.

	DISCUSSION
	Oyster and water microbiota are differentially influenced by the environment.
	Potential human pathogen concentrations were linked to specific environments and microbial community features.
	Phytoplankton links to oyster pathogen accumulation.
	Conclusion.

	MATERIALS AND METHODS
	Experimental design and sample collection.
	Sample processing and storage.
	Quantification and detection of human pathogen and indicator species and OsHV-1 virus.
	Statistical analysis of environmental and target bacteria variables.
	DNA extraction, amplicon library preparation, and sequencing.
	Sequence quality filtering and bioinformatic analysis.
	Data availability.

	SUPPLEMENTAL MATERIAL
	ACKNOWLEDGMENTS
	REFERENCES

